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Abstract: We suggest a new multimodal imaging technique for quantitatively measuring the 
integral (thickness-average) refractive index of the nuclei of live biological cells in 
suspension. For this aim, we combined quantitative phase microscopy with simultaneous 2-D 
fluorescence microscopy. We used 2-D fluorescence microscopy to localize the nucleus 
inside the quantitative phase map of the cell, as well as for measuring the nucleus radii. As 
verified offline by both 3-D confocal fluorescence microscopy and by 2-D fluorescence 
microscopy while rotating the cells during flow, the nucleus of cells in suspension that are not 
during division can be assumed to be an ellipsoid. The entire shape of a cell in suspension can 
be assumed to be a sphere. Then, the cell and nucleus 3-D shapes can be evaluated based on 
their in-plain radii available from the 2-D phase and fluorescent measurements, respectively. 
Finally, the nucleus integral refractive index profile is calculated. We demonstrate the new 
technique on cancer cells, obtaining nucleus refractive index values that are lower than those 
of the cytoplasm, coinciding with recent findings. We believe that the proposed technique has 
the potential to be used for flow cytometry, where full 3-D refractive index tomography is too 
slow to be implemented during flow. 
OCIS codes: (090.1995) Digital Holography; (100.3175) Interferometric imaging; (170.2520) Fluorescence 
microscopy; (170.3880) Medical and biological imaging; (170.1530) Cell analysis. 
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1. Introduction 
Measurements of refractive index (RI) of biological cells in vitro, indicating their inner 
content and spatial arrangement, provide invaluable information for both medical diagnosis 
and biological research. Interferometric phase microcopy (IPM) enables imaging of isolated 
cells in vitro, without the use of cell staining, by measuring how much the light is delayed 
when passing through the sample rather than through a clear medium [1,2]. The phase delay 
measured not only provides good contrast without staining, but also consists of valuable 
information regarding both the internal geometrical structure and the RI distribution of the 
sample [3]. Nevertheless, the geometrical thickness and RI information are coupled in a way 
that makes it difficult to decipher each of these properties separately. 
Several methods have been previously suggested for solving this RI-thickness coupling 
problem. These methods typically include performing two measurements, while changing 
either the illumination wavelength or the surrounding medium RI, creating two equations 
with two unknowns for each pixel, which enables the decoupling of the 2-D integral 
(thickness-average) RI profile from the thickness profile [4-6]. An alternative option is to 
measure the geometrical thickness directly (e.g., by atomic force microscopy (AFM) or 
confocal 3-D florescence microscopy) in addition to the IPM measurement, enabling the 
isolation of the integral RI of the cell [6-9]. Another option is using tomographic phase 
microscopy, which provides a means to not only decouple the information, but rather to 
obtain the 3-D distribution of the cell RI [10-12]. However, this method requires acquiring the 
sample from multiple perspectives, demanding that the angular scanning rate is faster than the 
sample dynamics, which might limit certain applications such as high-throughput imaging 
flow cytometry that requires analyzing thousands of cells per second. Although the random 
rolling of cells during flow can be exploited to obtain multiple perspectives [13,14], it 
demands tracking the cells and thus is limited by the full frame rate of the camera, while 
single exposure methods do not require cell tracking and thus allow faster flow rates for the 
same frame rate, mainly limited by the camera exposure time. In addition, tomography is 
prone to complications derived from the sample dynamics and the system stability, in 
comparison to single exposure methods. 
Other approaches for solving the RI-thickness coupling problem are based on evaluating 
the local cell thickness under the reasonable assumption that cells in suspension assume a 
spherical shape [15-21]. A spherical model has also been used to evaluate the integral RI in 
the nucleus, both when it is isolated [20, 21], and in its native location inside the cell [22]. 
The latter method locates the nucleus position according to a local increase in phase 
thickness, a technique that may yield inaccurate results according to recent findings stating 
that the phase values in the area of the nucleus may be lower than that of the cytoplasm 
[11,12,20,21]. 
Several previous works suggested measuring fluorescence emission in concert with 
quantitative phase imaging in order to gain molecular specificity, and learn on biological 
processes such as cell growth and division [12, 21, 23-27]. It was also shown that IPM setups 
can be combined with fluorescence microscopy for obtaining simultaneous measurements 
[12, 23-27]. 
The present paper suggests integrating IPM with simultaneous 2-D fluorescence 
microscopy to localize the suspended cell nucleus in a coinciding quantitative phase image, 
and evaluate its radii. Then, we assume that both the entire suspended cell and its nucleus 
have shapes of ellipsoids, allowing their 3-D morphologies to be calculated based on the radii 
available from the 2-D fluorescent and IPM images. The cell and the nucleus 3-D 
morphologies can then be used to extract the integral RI of both the cytoplasm and the 
nucleus. To validate the assumption that the shape of the nucleus can be approximated as an 
ellipsoid, we use two independent experimental methods: confocal 3-D fluorescence 
microscopy and 2-D fluorescence microscopy while rotating the cell during flow.  
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Since the two online measurements, quantitative phase and 2-D fluorescence, are acquired 
simultaneously, the presented technique is useful for measurement the integral RI profile of 
cells during flow.  
 
2. Methods 
2.1 Theory 
A transmission mode interferometric imaging system captures the phase difference between a 
beam that passes through a sample (a sample beam) and a beam that did not (a reference 
beam), by recording their interference pattern on a digital camera. The phase difference 
between the sample and the reference waves is proportional to the optical path difference 
(OPD) between them, as following: 
)1(         
2
, , ,x y OPD x y



                                            
where λ is the illumination wavelength. Neglecting diffraction for simplicity, the OPD can be 
written as: 
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where 𝑧 is the direction of light propagation, ℎ(𝑥, 𝑦) is the thickness of the sample in the 𝑧 
dimension, 𝑛(𝑥, 𝑦, 𝑧) is the RI distribution of the sample, and 𝑛𝑚 is the RI of the medium 
around the cell. In a discrete representation, Eq. (2) can be described as a finite sum: 
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where 𝑁(𝑖, 𝑗) is the number of discrete increments defining the sample in the 𝑧 dimension for 
pixel (𝑖,𝑗), and ∆𝑧 is the discrete increment length in the 𝑧 dimension, given by: 
(4)                                                          ,CCDz
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where ∆𝐶𝐶𝐷 is the pixel size in the digital camera and 𝑀 is the total optical magnification used 
in the setup. Here, we assume that the ∆𝑧 increment size is the same as the ∆x and ∆y 
increment size. 
Since ∆𝑧 and 𝑛𝑚  are constants and do not depend on 𝑘, we can take them out of the sum 
in Eq. (3). After multiplying and dividing by 𝑁(𝑖, 𝑗), we get: 
 ( , ) ( , ) ( , ) ,cell mOPD i j h i j n i j n                                      )5(        
where ℎ(𝑖, 𝑗) = ∆𝑧 ∙ 𝑁(𝑖, 𝑗) is the thickness distribution of the cell and 𝑛𝑐𝑒𝑙𝑙(𝑖, 𝑗) =
[∑ 𝑛(𝑖, 𝑗, 𝑘)]/𝑁(𝑖, 𝑗)𝑁
(𝑖,𝑗)
𝑘=1  is the integral (thickness-average) RI distribution of the cell. Thus, 
the OPD in each pixel is the product of the thickness of the sample in that point and the 
difference between the integral RI of the sample in the z dimension in that (𝑖, 𝑗) pixel and the 
medium, which constitutes the coupling problem. 
In areas where the RI of the cell in the z dimension is non-uniform, Eq. (5) can be further 
broken down into the contributions given by each organelle. For example, if the cell can be 
assumed to be comprised of a cytoplasm and a nucleus, we can write for the area of the OPD 
containing nucleus pixels (assuming that light propagating through the nucleus also goes 
through the cytoplasm) as follows: 
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where ℎ𝑛(𝑖, 𝑗) and 𝑛𝑛(𝑖, 𝑗) are the thickness and integral RI distribution of the nucleus, 
respectively, and ℎ𝑐(𝑖, 𝑗) and 𝑛𝑐(𝑖, 𝑗) are the thickness and integral RI distribution of the 
cytoplasm, respectively. Thus, we can express the average RI of the nucleus as follows: 
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where 𝑂𝑃𝐷(𝑖, 𝑗) and 𝑛𝑚 are known, but ℎ𝑐(𝑖, 𝑗), ℎ𝑛(𝑖, 𝑗) and 𝑛𝑐(𝑖, 𝑗) have to be evaluated. 
Assuming that ℎ𝑛(𝑖, 𝑗) and ℎ𝑐(𝑖, 𝑗) are given or can be calculated, we can solve Eq. (7) by 
finding an estimate for the cytoplasm RI  𝑛𝑐(𝑖, 𝑗) from another area in the cell where there is 
only cytoplasm (outside the nucleus area), fulfilling: 
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 From the resulting RI profile, we can calculate the cytoplasm average RI value 𝑛𝑐 ,𝑎𝑣𝑔 by 
weighting the RI at each pixel with the corresponding height ℎ𝑐(𝑖, 𝑗) [21] as follows: 
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Assuming that the RI of the cytoplasm is largely homogenous, this value can then be used to 
estimate 𝑛𝑐(𝑖, 𝑗) in the area containing both nucleus and cytoplasm. 
2.2 Thickness model 
Evaluating the thickness profile of the nucleus  ℎ𝑛(𝑖, 𝑗) and the thickness profile of the entire 
cell ℎ𝑐(𝑖, 𝑗) can be done by assuming ellipsoid models as shown in Fig. 1(a). A spherical 
model for an entire cell while not attached, in suspension or in flow, is a known paradigm 
[15-21], and the nucleus was also recently modeled as a sphere for thickness estimation [20-
22]. Here, we assume that both the entire cell and the nucleus are ellipsoids rather than perfect 
spheres, practically allowing a more precise fit. 
In order to build a thickness distribution for the nucleus and the cytoplasm, and also in 
order to know in which locations to apply Eq. (7) and Eq. (8), first the areas of the nucleus 
and the cytoplasm have to be located in the fluorescence and OPD images, respectively. To 
separate the cell area from the background in the OPD image and the nucleus area from the 
background in the fluorescent image, simple thresholds can be used, followed by 
morphological opening for noise removal [28]. After proper registration, the nucleus area can 
be detected on the OPD image. Once both areas are located, the minor and major axes radii 
(𝑅1,𝑅2) and the x-y orientation of the ellipse that has the same normalized second central 
moments as each area can be evaluated, as well as the centers of mass. Based on the minor 
and major axis lengths, the length of the radius in the z direction (𝑅3) can be calculated as the 
average for each area. A 3-D ellipsoid with the appropriate radii, x-y location and x-y 
orientation can then be computed for both the entire cell and the nucleus. In order to isolate 
the morphology of the cytoplasm area, the volume of the ellipsoid representing the nucleus 
can then be removed from that of the ellipsoid representing the entire cell. The thickness 
attributed to the nucleus or the cytoplasm at each pixel can then be calculated by integrating  
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Fig. 1. A scheme of the cell and nucleus shape model: 𝑛𝑛, 𝑛𝑐 and 𝑛𝑚 are the RI of the nucleus, 
cytoplasm and medium, respectively. 𝑅1,𝑛 and 𝑅2,𝑛  are the radii in the x-y projection cast by 
the nucleus, and 𝑅3,𝑛 is the radius of the nucleus in the z dimension; 𝑅1,𝑐 and 𝑅2,𝑐  are the radii 
in the x-y projection cast by the entire cell, and 𝑅3,𝑐 is the radius of the entire cell in the z 
dimension. The radii in the x-y projection are extracted from the OPD image and fluorescence 
image for the cytoplasm and the nucleus, respectively, and the radius in the z dimension is 
estimated to be their average. (a) Nucleus modeled as a tilted ellipsoid. (b) Nucleus modeled as 
an ellipsoid with main axes aligned with Cartesian coordinates, with identical 𝑅1,𝑛 , 𝑅2,𝑛 , 𝑅3,𝑛. 
The red and blue circles denote the center of mass of the cytoplasm and nucleus, respectively. 
The Cartesian coordinate system indicates directions, where light propagates in the z direction. 
       , , ,( , ) k V i j kh i j z                                                   (10)        
where 𝑉(𝑖, 𝑗, 𝑘) is the respective volume, ℎ(𝑖, 𝑗) is the resultant thickness, and ∆𝑧 is given in 
Eq. (4).  
As shown in Fig. 2, the thickness distribution calculated from Fig. 1(a) is nearly identical 
to the one calculated from Fig. 1(b). Thus, the actual orientation of the ellipsoid relative to the 
z axis is not significant for its thickness calculation.  
 
 
Fig. 2. Assessment of error due to assuming tilted versus untitled ellipsoid as the nucleus 
model. Red curve: cross section through the center of the thickness distribution of an ellipsoid 
tilted in 40° relative to the z axis, as shown schematically in Fig. 1(a). Blue curve: cross 
section through the center of the thickness distribution of an ellipsoid with axes aligned 
relative to the Cartesian coordinate system, as shown schematically in Fig. 1(b). Both 
ellipsoids have identical 𝑅1,𝑛 , 𝑅2,𝑛  and 𝑅3,𝑛. 
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3. Results 
3.1 Sample preparation 
We imaged human colorectal adenocarcinoma colon cells, SW480 (CCL-228, ATCC). The 
cells were grown in DMEM medium supplemented with 10% fetal bovine serum, antibiotics 
and glutamine (Biological Industries, Beit HaEmeq, Israel). The cells were cultured at 37℃, 
5% CO2 in a humidified incubator. At the day of the experiment, the cells were harvested by 
trypsin solution and returned to another DMEM growth medium supplemented by Hoechst 
33342 (Invitrogen, SN) staining solution at a concentration of 5 µg/ml for 30 minutes in 4℃. 
3.2 Validation of nuclear morphology 
To validate that the nucleus shape of a cell in suspension can be approximated as an ellipsoid, 
we first imaged cells with Hoechst-stained nuclei using a 3-D fluorescence confocal 
microscope (TCS SP5 II Confocal, Leica) with z-axis increments of 0.2 μm. For the confocal 
microscope measurement, unfixed cells were suspended in a well created by placing a sticker 
with a depth of 0.1 mm on top of a cover-slide. In order to prevent the cells from adhering to 
the cover slide, they were imaged less than 30 minutes after resting on the cover-slide, and 
placed in inhibiting conditions: at room temperature (rather than the optimal 37℃) and with a 
limited amount of air (rather than 5% CO2). No chemicals were used to avoid adhesion. As a 
result of letting the cells rest for several minutes after placing them in the imaging system, 
and due to the short scanning time (~2 minutes) and the low room temperature, the 3-D 
movement of the cells during the measurement is negligible. The result is given in Fig. 3.  
 
 
Fig. 3. 3-D rendering of a representative SW480 cancer cell nucleus, using 3-D fluorescence 
confocal microscopy, where the cell nucleus is labeled with Hoechst and the cell is not 
attached to the substrate. The numbers on the axes indicate length in μm. 
 
To further demonstrate that SW480 nuclei maintain an approximate ellipsoid morphology 
during flow, we used a microfluidic channel (μ-slide VI0.1, IBIDI) and a syringe to induce 
cell rotation during flow, and tracked the morphology of 30 cells with stained nuclei under 2-
D fluorescent microscopy (IX83 Inverted Microscope, Olympus). Due to very low 
confinement and a low flow rate during the fluorescent rotation experiment, the cells can be 
treated as rigid bodies [13,14,29]. A video of the rotation is given in Visualization 1, and an 
example of the nucleus of single cell during flow is given in Fig. 4. Note that as can be seen 
in Visualization 1, not all nuclei appear elliptic. This can be explained by the different phases 
of the cell lifecycle. During cell division, the nucleus morphology changes to allow the DNA 
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to split between the two daughter cells. In any case, the 2-D fluorescence measurement can be 
used to select those cells with elliptic nuclei.  
By observing the 2-D projections of an ellipsoid taken from a large enough number of 
random angles, the radii on its three main axes can be evaluated reliably. As a rule of thumb 
regarding the required number of projections during cell rotation, for a cell rotating at 
constant velocity, as few as 10 frames taken in equal temporal increments during a full 
revolution of the cell in a plane orthogonal to the camera would suffice to obtain an 
evaluation of the radii with an error of up to 5%. From each of the projections, the major and 
minor axis radii can be determined by fitting the area with an ellipse that has the same 
normalized second central moments. Then, the values measured for the minor and major axes 
radii from all projections of a single cell can be gathered into two vectors, respectively. The 
maximal value of the major axis radius vector evaluates the radius on the largest axis of the 
ellipsoid (𝑅1); the minimal value of the minor axis radius vector evaluates the radius of the 
smallest axis (𝑅2); and the minimal value of the major axis radius vector, which should be 
equal to the maximal value of the minor axis radius vector, evaluates the radius of the 
intermediate axis of the ellipsoid (𝑅3). Note that this equality relies on the assumption that the 
nucleus rotates around at least two orthogonal axes, as is usually the case due to the free 
rotation in the camera plane. Nevertheless, if the rotation is only around a single axis, one of 
the two vectors may have nearly constant values, and the evaluation should be made from the 
vector with the non-constant values. Even if none of the vectors are constant and the 
evaluations from both of them differ, taking the average value as the estimate still yields an 
error of less than 5%.  
 
 
Fig. 4 2-D fluorescent tracking of the nucleus of a representative SW480 cell during flow. 
 
We performed this analysis for 30 SW480 cell nuclei. At least 40 frames per cell were 
observed for each cell during rotation. The results of this analysis are summarized in Table 1. 
As can be seen from the standard deviation values, while the variability in the absolute sizes 
of the axes is relatively large, the ratios between the different axes exhibit a more similar 
proportion for all measured nuclei. Thus, in order to evaluate the predicted error induced by 
using the suggested model, we will use a normalized small axis with radius 𝑅2 = 1 [AU], 
inducing 𝑅1 =1.27 [AU] and 𝑅3 =1.13 [AU] according to the average ratios, allowing the 
error to be calculated separately for each nucleus size by multiplying by the size of the 
smallest axis 𝑅2. 
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Table 1. Mean values for 30 SW480 nuclei. 𝑹𝟏,𝑹𝟐 and 𝑹𝟑 are the main axes radii of the estimated ellipsoids. 
𝑅1[μ𝑚] 𝑅2[μ𝑚] 𝑅3[μ𝑚] 𝑅1/𝑅2 𝑅1/𝑅3 𝑅3/𝑅2 
4.55 ± 0.57 3.61 ± 0.55 4.05 ± 0.56 1.27 ± 0.08 1.13 ± 0.06 1.13 ± 0.04 
 
In order to evaluate the predicted error in using the suggested model for the representative 
ellipsoid mentioned above, we must first know the sizes of the minor and the major axes in 
the projection, from which the third axis radius is calculated. If, for example, the nucleus 
happens to face the camera such that the largest radius 𝑅1 = 1.27 [AU] and the smallest 
radius 𝑅2 =1 [AU] constitute the major and minor axes of the projection, our evaluation of 
the third axis radius as their average  𝑅3 =1.135 [AU] would be far more accurate than if 𝑅1 
and 𝑅3 were to act as the main axes of the projection. In practice, the statistics of the 
orientation of the ellipsoid depends tightly on the flow regime, and is therefore hard to predict 
for the general case. To cover all cases, we assumed the two worst scenarios: either a 
combination of the largest axis with the intermediate axis, or a combination of the smallest 
axis with the intermediate axis. The results are given in Table 2 and Fig. 5. 
Table 2. Worst scenarios for using the ellipsoid model, calculated for normalized 
representative nucleus. All lengths are given normalized [AU]. The absolute values are  
given by multiplying by the size of the smallest axis. 
Axis 1 radius Axis 2 radius 
Axis 3 radius 
evaluation Axis 3 radius Error 
1 1.13 1.065 1.27 0.205 
1.27 1.13 1.2 1 0.2 
 
 
Fig. 5. Thickness distribution for worst orientation scenarios in using ellipsoid model, for a 
normalized representative cell nucleus. (a,c,e,g) Case 1, corresponding to the first row in Table 2.  
(b,d,f,h) Case 2, corresponding to the second row in Table 2. (a,b) True thickness distribution. 
(c,d) Evaluated thickness distribution. (e,f) Absolute value of error in thickness evaluation.  
(g,h) Absolute value of error in the inverse thickness evaluation. 
 
The error in RI evaluation can then by evaluated using the following equation: 
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where 𝑛(𝑖, 𝑗) and 𝑛𝑒(𝑖, 𝑗) are the true and evaluated RI distributions, respectively, ℎ(𝑖, 𝑗)  and 
ℎ𝑒(𝑖, 𝑗) are the true and evaluated height distributions, respectively, 𝑛𝑚 is the RI of the 
medium, and 𝑂𝑃𝐷(𝑖, 𝑗) is the measured OPD. This yields: 
 
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1 1
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The term multiplying the OPD profile in Eq. (12) can be seen in Figs. 5(g) and (h), such 
that the latter quantifies the error in RI up to a pixel-wise multiplication with the measured 
OPD and division by the size of the smallest axis. As can be seen from Figs. 5(g) and (h), the 
error is most significant in the edges, due to singularity in division by small numbers, thus 
locations closer to the center present higher reliability. For example, for an ellipsoid with a 
small axis radius size of 4 μm, the error in RI evaluation for a central pixel with an OPD 
value of 0.4 μm would be 0.0076 for the first case and 0.0086 for the second case, thus 
bounded by the latter for all possible orientations. 
Note that by modeling the expected orientation of the ellipsoid for the specific flow 
regime used, one can modify the manner that the z-axis radius is estimated from the radii of 
the projection. For example, if the ellipsoid is expected to face the camera with its 
intermediate and major axes, one can evaluate the third radius as being equal to 1/1.13 = 0.88 
of the minor axis of the projection, giving a better prediction than the average of the minor 
and major axes of the projection, thus improving the accuracy of the RI estimation. 
 
3.3 Combined IPM and fluorescence microscopy  
 
To demonstrate the proposed technique, we have combined an IPM system into a fluorescent 
microscope (IX83 Inverted Microscope, Olympus). In the proposed setup, shown in Fig. 6, a 
supercontinuum laser source (SuperK Extreme, NKT), coupled to an acousto-optic tunable 
filter AOTF (SuperK SELECT, NKT), emits red light (633±2.5nm). This light is reflected by 
mirror M1, and enters the inverted microscope. Inside the microscope, the beam passes 
through the sample, and is then magnified by microscope objective MO1 (Olympus UPlanFL 
N, 40×, 0.75 NA). The sample beam is then reflected by BS1 to exit the microscope, and 
projected by tube lens TL1 (f = 200 mm) on the image plane of the microscope, where a long-
pass filter LP (cut off at 496 nm) is positioned. The sample beam is then magnified by a 4f 
lens configuration, built out of lenses L1 (f = 45 mm) and L2 (f =150 mm), and enters an 
external off-axis interferometric module [2, 30]. In this module, the magnified sample beam is 
split using beam splitter BS2. One of the beams is spatially filtered using lenses L3 (f = 150 
mm) and L4 (f = 150 mm) and pinhole P (15 μm diameter), which effectively creates a 
reference beam that does not contain spatial modulation of the sample. The other beam from 
BS2 is projected through retro-reflector RR at a small angle, and together with the reference 
beam creates an off-axis hologram on Camera1 (Thorlabs, DCC1645C CMOS). At the same 
time, inside the microscope, white light (U-HGLGPS 130W Mercury burner, emission 
wavelength 360-770 nm) is filtered by an excitation filter Ex (350 nm with FWHM 
bandwidth of 50 nm), and reflected by dichroic mirror DM (long pass with cutoff at 400 nm). 
This beam is transmitted through BS1 and condensed by MO1 to illuminate the sample. The 
fluorescently labeled sample then emits blue light from the cell nucleus labeled with Hoechst 
33342, which is magnified by MO1 and transmitted by BS1 and DM. This beam is projected 
through TL2 and filtered by the emission filter Em (460nm with FWHM bandwidth of 50 nm) 
to block red light, and projected onto Camera2 (Basler, acA2440-75um). This combined 
system allowed us to obtain interferograms and fluorescent images simultaneously without 
moving the sample, even if the sample is highly dynamic. 
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Fig. 6. Scheme of the combined IPM-epifluorescence setup used for imaging. IPM beams 
appear in red; The fluorescent excitation beam appears in green; The fluorescent emission 
beam appears in blue. Ex, excitation filter; DM, dichroic mirror; Em, emission filter; AOTF, 
acousto optical tunable filter; BS1, BS2, beam splitters; M1, M2, mirrors; RR, retroreflector; 
S, sample; MO1, microscope objective; TL1, TL2, L1, L2, L3, L4, lenses; LP, long-pass filter; 
Camera1, Camera2, digital cameras.  
After the staining procedure (see Section 3.1) and prior to the imaging experiment, the 
suspended cells were inserted into a dish with a #1.5 cover-glass bottom (D35-20-1.5-N), and 
placed on the sample stage. In this demonstration, no fast flow or cell rotation was induced. 
In order to perform image registration between the 2 modalities, fluorescent beads (6 μm 
micro particles, melamine resin, carboxylate-modified, FITC-marked, Fluka, Sigma-Adlrich) 
were used as a calibration target. 
To extract the quantitative phase map from the acquired off-axis image interferograms, we 
used the Fourier transform filtering reconstruction algorithm [31], followed by the discrete 
cosine transform (DCT) based unweighted least squares (UWLS) algorithm for solving 2π 
phase ambiguities [32]. 
Figure 7 shows the different stages of applying the combined IPM-fluorescence 
processing method, as well as the results for the average RI in the nucleus area.  First, Fig. 
7(a) shows the reconstructed OPD image. The radii, calculated for the cell from fitting the 
cell boundary with an ellipse that has the same normalized second central moments, were 
4.17 μm and 3.84 μm. Figure 7(b) shows the fluorescence image of the stained nucleus, and 
Fig. 7(c) shows the reconstructed OPD image with the nucleus boundary shown in broken 
line, found using the coinciding fluorescence image shown in Fig. 7(b). The radii, calculated 
for the nucleus by fitting the nucleus boundary with an ellipse that has the same normalized 
second central moments, were 3.27 μm and 2.99 μm. Figures 7(d) and 7(e) show the 
estimated thickness distribution for the cytoplasm and the nucleus, respectively, based on the 
morphology detected in Figs. 7(a) and 7(c) and the process explained in Section 2.2. 
Quantitatively, the relative mismatch of the elliptic fit is 4.5% of the pixels in the smallest 
rectangle containing the region for both the nucleus and the entire cell. Figure 7(f) shows the 
integral RI estimation for cytoplasm area, used to calculate a single value for the RI of the 
cytoplasm according to Eq. (9). Finally, Fig. 7(g) shows the resulting integral RI profile of 
the nucleus. Note that in Figs. 7(f) and 7(g), the RI estimation is calculated only for pixels 
that had non-zero thickness estimation, to avoid singularity.  
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Fig. 7. Steps in extraction of the integral RI profile of a cell nucleus from the combined 
IPM/fluorescence measurement for a SW480 cell in suspension. (a) Reconstructed OPD 
image. (b) Fluorescence image of the labeled nucleus. (c) Reconstructed OPD image with 
nucleus boundary shown by broken line, as found from the fluorescence image. (d) Estimated 
thickness distribution for the cytoplasm. (e) Estimated thickness distribution for the nucleus. 
(f) Integral RI estimation for the cytoplasm only area. (g) The resulting integral RI profile of 
the cell nucleus.  
Note that in contrast to tomography, that provides the 3-D RI profiles, the integral RI 
profiles shown in Figs. 7(f) and 7(g) are the average across the axial dimension. These 
integral RI profiles fit well with the recent observations that the RI inside the nucleus is lower 
than that in the cytoplasm, other than regions that may be attributed to the nucleoli 
[11,12,20,21]. 
4. Discussion and conclusions 
We presented a new technique for measuring the nucleus integral RI distribution of 
suspended cells by combining IPM with simultaneous 2-D fluorescence microscopy, and 
demonstrated it on cancer cells. The results agree well with recent findings regarding the RI 
values of the nucleus. The suggested method can be applied on dynamics cells, such as cells 
during fast flow, where tomographic phase microscopy for 3-D RI acquisition is not fast 
enough. Our technique is based on single-exposure imaging in two parallel cameras, and thus 
the acquisition rate can be equal to the camera framerate (up to several thousands of frames 
per second) times the number of cells in the field of view. The only limitations, which are 
general demands for imaging flow cytometry, are that the cells can be approximated as rigid 
bodies, and avoiding motion blur. For the latter, if using a camera with an exposure time of 1 
μsec, the cells can traverse up to 1 pixel each μsec. 
Although the extracted parameter is the integral (thickness-average) RI profile, and it may 
blur out certain details such as the nucleoli in comparison to the 3-D RI profile that can be 
retrieved from tomographic phase microscopy measurement, it might be the only option for 
cells flowing faster than the tomographic phase microscopy acquisition rates. In any case, it is 
still superior to having the coupled thickness-RI phase profile.  
Even though this method uses ellipsoid models to fit a broad range of morphologies, it is 
most accurate when both the cell and the nucleus are perfect spheres, as in such case the 
evaluation of the third radius as the average of those restored from the x-y projection is 
always accurate. While cells in suspension have been previously proven to be nearly 
spherical, this is not the case for their nuclei. To check the validity of the ellipsoid model for 
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the nucleus and predict the error in evaluation of its third radius, we acquired the 3-D 
morphology of the nucleus for SW480 cancer cells by confocal 3-D fluorescence microscopy. 
Furthermore, we have analyzed 2-D fluorescence microscopy images of flowing cells during 
rotation, and discovered that many nuclei of suspended cells are indeed ellipsoids, yielding a 
representative ellipsoid structure with characteristic aspect ratio. We then calculated the 
predicted error considering the worst case in terms of the ellipsoid orientation relative to the 
camera plane during flow.  Note that by modeling the expected orientation of the ellipsoid for 
the specific flow regime used, one can modify the manner that the z dimension radius is 
estimated from the radii of the projection, thus reducing the maximal predicted error.  
While the model suggested in this manuscript can be easily applied to many types of cells, 
we suggest performing similar preliminary analysis to verify the ellipsoidal shape of the 
nucleus and cell, in order to evaluate the predicated maximal error for the specific cell type 
used. This prior analysis has to be performed once per cell type and thus it does not affect the 
capability of the method to achieve high temporal resolution in the actual measurement. 
Overall, we believe that the method presented here has the potential of having great 
clinical importance, providing the cell nucleus RI profile during imaging flow cytometry. 
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